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Mu¨nster, GermanyABSTRACT Contact-mode atomic force microscopy (AFM) has been shown to reveal cortical actin structures. Using live endo-
thelial cells, we visualized cortical actin dynamics simultaneously by AFM and confocal fluorescence microscopy. We present a
method that quantifies dynamic changes in the mechanical ultrastructure of the cortical actin web. We argue that the commonly
used, so-called error signal imaging in AFM allows a qualitative, but not quantitative, analysis of cortical actin dynamics. The
approach we used comprises fast force-curve-based topography imaging and subsequent image processing that enhances
local height differences. Dynamic changes in the organization of the cytoskeleton network can be observed and quantified by
surface roughness calculations and automated morphometrics. Upon treatment with low concentrations of the actin-destabiliz-
ing agent cytochalasin D, the cortical cytoskeleton network is thinned out and the average mesh size increases. In contrast, jas-
plakinolide, a drug that enhances actin polymerization, consolidates the cytoskeleton network and reduces the average mesh
area. In conclusion, cortical actin dynamics can be quantified in live cells. To our knowledge, this opens a new pathway for con-
ducting quantitative structure-function analyses of the endothelial actin web just beneath the apical plasma membrane.INTRODUCTIONActin, in its globular and polymerized forms as G- and F-
actin, respectively, constitutes 5–15% of the total protein
in endothelial cells (1). In addition to intermediate filaments
and microtubules, it is a central component of the cytoskel-
eton. Hence, it determines the cell shape and is involved in a
multitude of cellular processes, including motility, division,
and intracellular trafficking. A large number of actin-bind-
ing proteins are involved in controlling actin’s polymeriza-
tion and architecture, linking it to other filaments, and
anchoring it in the membrane (2). It is embedded in cellular
signaling pathways, e.g., by proteins from the family of
Rho-GTPases (3).
The endothelium is constantly subjected to hemodynamic
forces in the form of shear stress, vessel wall tension, and
hydrostatic pressure. An endothelial cell’s mechanical prop-
erties determine how the cell will resist and respond to these
forces (4). Actin plays an important role in controlling endo-
thelial barrier permeability (5). The cortical actin network
in particular is assumed to underlie a cell’s stiffness and
thereby mediate physiological effects in the endothelium,
such as the release of nitric oxide after changes in electro-
lyte concentrations or inflammatory stimuli (6–8). Con-
sidering that the ultrastructural architecture of polymeric
networks such as actin determines their mechanical charac-Submitted December 18, 2014, and accepted for publication June 24, 2015.
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0006-3495/15/08/0687/12teristics (9), a method to enable high-resolution visualiza-
tion of the cortical cytoskeleton network and its dynamic
behavior is needed.
Atomic force microscopy (AFM) is an important tool in
biological and biophysical research, and enables a multitude
of structural, micromechanical, and molecular investiga-
tions (10). It can be used to image surfaces on scales ranging
from cells to single DNA strands. Because it offers a higher
resolution than conventional optical microscopes but, unlike
electron microscopy, operates under physiological condi-
tions and requires no complex sample preparation, AFM
has proven particularly useful for live-cell investigations
(11). Moreover, in live cells, AFM can actually be used to
probe the submembranous cellular micromechanical organi-
zation and thereby image the cytoskeleton (12–14).
A number of AFM studies have provided views of the
mechanical organization of the cytoskeleton using contact-
mode error data or elasticity-mapping procedures (7,14–
16).However, to our best knowledge, a procedure for imaging
the cortical cytoskeleton in living cells and assessing quanti-
tative density changes has not been described to date.
Here, we performed high-resolution visualization and
quantification of the cortical actin cytoskeleton and its
remodeling in live endothelial cells using AFM-based
methods. Contact-mode AFM showed a cortical cytoskel-
eton network with mesh sizes on two different scales.
Simultaneous live-cell imaging with AFM and confocal
fluorescence microscopy of Lifeact identified part of the
network as F-actin and provided a detailed view of remod-
eling processes in time-lapse experiments. To obtain betterhttp://dx.doi.org/10.1016/j.bpj.2015.06.066
688 Kronlage et al.resolution and more readily quantifiable data, we developed
a procedure to image the cortical cytoskeleton network that
combines fast force-curve-based topography imaging with
subsequent image processing. Pharmacological treatments
with either low concentrations of the actin-disrupting
agent cytochalasin D or the actin-stabilizing drug jasplaki-
nolide correspondingly affected the cytoskeleton network
morphology, validating our method and revealing the
pivotal role of actin in the mechanical architecture of the
endothelial cortical cytoskeleton.MATERIALS AND METHODS
Solutions and reagents
All chemicals and reagents were purchased from Sigma-Aldrich (Stein-
heim, Germany) unless mentioned otherwise. AFM experiments were per-
formed at room temperature with live cells in HEPES buffer (in mM: 140
NaCl, 5 KCl, 1 MgCl2, 1 CaCl2, 5 glucose, 10 HEPES adjusted to pH
7.4). For force-mapping-mode imaging experiments, cytochalasin D was
added to a concentration of 100 nM (stock 100 mM in ethanol) and jaspla-
kinolide was added to a concentration of 1 mM (stock 8 mM in DMSO). All
control buffers were supplemented with the appropriate concentration of
solvent (ethanol or DMSO).Cell culture
Bovine aortic endothelial cells (GM7373; DSMZ GmbH, Braunschweig,
Germany) (17) were cultured in minimal essential medium (GE Health-
care/PAA Laboratories, Pasching, Austria) supplemented with 20% fetal
calf serum (FCS; PAA), 1% nonessential amino acids (Life Technologies,
Grand Island, NY), 1% minimum essential medium (MEM) vitamins
(Life Technologies), and 1% penicillin and streptomycin (Biochrom, Ber-
lin, Germany). Cells were kept in T25 culture flasks at 37C, 5% CO2,
and 100% humidity.
For all imaging experiments, cells were seeded on glass-bottom dishes
(50 mm diameter from WillCo Wells, Amsterdam, The Netherlands, or
35 mm diameter from WPI, Sarasota, FL) and grown until they reached
z90% confluence.
To enable fluorescent imaging of F-actin in living cells concurrently with
contact-mode AFM, GM7373 cells were transfected with Lifeact-eGFP as
described previously (18). Lifeact, a short peptide (19) that neither inter-
feres with actin dynamics nor alters actin expression, was chosen as the
most suitable means of labeling F-actin in live cells (20). Briefly, the cells
were trypsinized, centrifuged, and resuspended in OptiMEM medium (Life
Technologies) supplemented with 10% FCS. Then, 8 ml of FuGENE6 trans-
fection reagent (Promega, Madison, WI) was added to 230 ml of FCS-free
OptiMEM medium and incubated for 5 min at room temperature. Subse-
quently, 4 mg Lifeact-eGFP DNA (in pEGFP-N1 vector) was added and
the solution was again incubated for 10 min. The cells in suspension
were then added and mixed with the solution before they were seeded
onto glass-bottom dishes. For the first 30 min in the cell culture incubator
at 37C, 5% CO2, the cells were placed on a shaker at 180 rpm. The next
day, the medium was replaced with normal growth medium.
For experiments with force-mapping-mode AFM, GM7373 cells stably
transfected with Lifeact-mKate2 were used. The cells were transfected as
described above with a plasmid containing Lifeact-mKate2 and, in an
IRES segment, hygromycin-B-phosphotransferase. Stable transfections
were then selected with 40 mg/mL hygromycin B in regular growth medium
(21). Polyclonal cells were further kept under selective conditions and
seeded for experiments without hygromycin B. mKate2 was excited at a
633 nm wavelength.Biophysical Journal 109(4) 687–698AFM imaging
AFM imaging was done using a JPK Nanowizard 3 (JPK Instruments, Ber-
lin, Germany). All measurements were performed in liquid with B-probes
on MSCT-UC chips (Bruker, Santa Barbara, CA), which feature sharpened
tips (10 nm radius of curvature) on soft silicon nitride cantilevers with a
nominal spring constant of 0.02 N/m. They possess no backside coating
to reduce the force drift during measurements (22). We have estimated
the optimal imaging force to be in the range of z0.5 nN using deflection
sensitivity and thermal noise cantilever calibration. However, variations
of the measured optimal imaging force, which we observed, can be attrib-
uted to differences in tip sharpness and tip contamination, resulting in
different contact areas, as well as to errors inherent in the cantilever calibra-
tion. Thus, imaging setpoints were generally set as low as possible and
appropriate values were determined empirically at the beginning of each
experiment. The probes were cleaned after each experiment by rinsing in
deionized water and acetone (23), and subsequent plasma treatment
(PDC 32G; Harrick Plasma, Ithaca, NY) for 10 min.
To image cortical cytoskeleton structures, we used two different proce-
dures: contact-mode imaging and force mapping. Contact-mode imaging
was performed with a (10 mm)2 scan area, 256  256 pixels, 2 Hz line
rate (resulting in ~2.5 min acquisition time per image), and manually
optimized feedback gains. We carried out force mapping using the JPK
quantitative imaging (QI) mode with the following settings: (6  6 mm)
scan area, 256  256 pixels, z range ¼ 50 nm, extend and retract time ¼
1.8 ms (refers to the actual approach-retract cycle and measurement, with
a resulting tip velocity of 27.8 mm/s); additional retract ¼ 50 nm, motion
time ¼ 0.5 ms, and acceleration ¼ 0.5 ms (parameters that control
the trajectory and velocity of the tip during the lateral movement
phase; z10 min/image). For each experiment, a single cell was selected
and then imaged continuously.
We added chemicals to the cells by completely replacing the buffer in the
culture dish via attached tubings while leaving the AFM head in place and
briefly retracting the z-piezo.Confocal fluorescence imaging
In the contact-mode AFM experiments, simultaneous fluorescence micro-
scopy of F-actin in Lifeact-eGFP-transfected cells was conducted with an
inverted confocal microscope (TCS SP8, Leica Microsystems, Wetzlar,
Germany) equipped with a 63 NA 1.4 objective. Z stacks of the entire
cell or the apical part were recorded and later visualized by maximum in-
tensity projection. Laser scanning was performed at the same time as
AFM imaging, which improved the time resolution but caused certain
line artifacts in the AFM images. We established an approximate overlay
with the AFM images during experiments by imaging both the fluorescent
cells and the AFM probe tip in wide-field illumination using JPK’s direct
overlay feature.
To check for membrane integrity and mechanosensitive stimulation of
the endothelial cells during AFM scanning, we recorded the intracellular
calcium concentration simultaneously with AFM-based image acquisitions
by means of fluorescence microscopy. Cells were loaded with the intracel-
lular calcium indicator Fluo4 (Life Technologies) according to the manu-
facturer’s protocol. Ionomycin was added to a concentration of 2.5 mM at
the end of the experiment. Fluo4 was excited at 488 nm, fluorescence emis-
sion was measured at 500–550 nm, and measurements were performed
every 30–60 s.Image processing and analysis
In the contact-mode time-lapse experiments, the AFM height channel indi-
cated the general cell topography and the error-channel data that displayed
cytoskeleton network structures were exported using JPK data-processing
software (v. 4.4.33þ). Then, in Fiji/ImageJ (v. 2.0.0-rc-14/1.49f) (24), trace
FIGURE 1 Live GM7373 endothelial cells imaged by AFM in contact
mode. (a and b) Overall topography of a cell; the region chosen for further
high-resolution imaging is marked. (c and d) High-resolution scan acquired
by contact-mode imaging; the coarse mesh (arrows) and fine mesh (arrow-
heads) can be discerned. (a and c) Height images. (b and d) Corresponding
error-trace images. Scale bars are 5 mm (a and b) and 1 mm (c and d). To see
this figure in color, go online.
Feeling for Filaments 689and retrace error images were overlaid by addition for better visualization,
and the corresponding fluorescence images were scaled and manually
matched to the AFM data. In the case of force-mapping-mode imaging,
to obtain information about the fine cytoskeleton network structures, the
height data were processed in a manner similar to that described in Kien-
berger et al. (25). Using MATLAB R2014a (The MathWorks, Natick,
MA), we performed line-wise subtraction of a second-order polynomial
fit, followed by difference-of-Gaussians filtering (subtraction of a smoothed
version (standard deviation (SD) of the Gaussian kernel: s¼ 5 pixels) of the
image and Gaussian smoothing (s¼ 1 px) of the image itself). We then ob-
tained adapted root mean-square (RMS) roughness values by calculating
the SD of all image values after removing outliers (values > 4 SDs distant
from the mean) caused by imaging artifacts.
For the morphological analysis, the processed images were segmented
using ilastik 1.1 (26). The software was manually trained to separate cyto-
skeleton network structures from meshwork holes with one set of images
and then used to segment all shown data with the same training. Subse-
quently, MATLAB was used to obtain statistical measures regarding the
number of holes, the mean area of holes, and the overall surface coverage
of holes in each image.
With regard to the adapted RMS roughness values and morphological
measures, the absolute values for each cell and thus for each experiment
are offset from each other (see Fig. S5 in the Supporting Material), so all
values are expressed as the difference from the control phase average for
each experiment in this study.
Height data are depicted in a brown color scale, error images are shown
in grayscale, and keys are shown for each image except for overlaid trace
and retrace error images. A brown color scale is also used for processed
height images, although since the processing makes the absolute height
values arbitrary, a key is not shown. Relative differences, however, are
faithfully reproduced, as the intensities of all images belonging to one
experiment are adjusted identically.Statistics
Grouped measurements were normally distributed, with a few exceptions,
and therefore we compared groups using both Student’s t-test and the
Mann-Whitney test. Data were considered significantly different and
marked with an asterisk (*) if p% 0.05 in both tests. In diagrams, distribu-
tions are displayed by the mean, with error bars showing the mean5 stan-
dard error (SE).RESULTS
Contact-mode AFM imaging shows a cortical
cytoskeleton network
We employed standard contact-mode AFM scanning in this
work. Uncoated cantilevers were used to minimize force
drift and obtain stable feedback conditions over a long
time, and low imaging force setpoints of ~0.5 nN allowed
us to visualize the general cell topography in the height
channel (Fig. 1, a and c) and a network representing the
cytoskeleton in the error channel (Fig. 1, b and d). It is
composed of a coarse mesh and a fine mesh similar to
those previously described in endothelial cells (14). To cap-
ture the cortical part of the cells’ cytoskeleton in a reproduc-
ible way, we selected small square areas with a 6–10 mm
side length on top of the nuclei for high-resolution imaging.
We estimated the spatial resolution of contact-mode AFM
applied in this way to visualize cytoskeleton structures inthe error-channel data to be z150 nm or better along the
fast-scan axis by inspecting the spacing between filament
structures (Fig. S4, a–c).Lifeact-based fluorescence microscopy identifies
coarse mesh as actin
To identify actin-based structures in the AFM images, we
performed live-cell fluorescence microscopy of Lifeact-
eGFP-labeled F-actin simultaneously with contact-mode
AFM. The endothelial cells exhibit a characteristic pattern
of actin distribution comprising basal stress fibers and a
thin cortical layer spanning the apical surface. In the
topmost cortical parts of the cells, the Lifeact fluorescence
precisely matches the coarse mesh seen in the AFM images
(Fig. 2, a–d), which can thus be identified as F-actin. This
agrees with previous observations made on fixed and stained
samples (14). In spaces corresponding to the fine mesh, only
diffuse fluorescence could be measured. Whether this lack
of congruence points to a nonactin makeup of the fine
mesh or must be attributed to the optical microscope’s res-
olution limit remains unclear.
An optical superresolution technique called stochastic op-
tical reconstruction microscopy (STORM) was recently
demonstrated to resolve individual actin filaments in three
dimensions (27). We applied the specified protocol for fixa-
tion and staining while using a custom-built STORM setup
with the appropriate characteristics for imaging. However,
we were not able to achieve a labeling of actin structuresBiophysical Journal 109(4) 687–698
FIGURE 2 (a) Illustration of combined Lifeact/AFM imaging of a living endothelial cell’s apical cortex. (b) Cortical area visualized by contact-mode
AFM (error signal, trace and retrace overlaid by addition). (c) Lifeact-eGFP detected by confocal fluorescence microscopy simultaneously in the same region
(maximum intensity projection of the most apical focal planes). (d) Overlay of (b) and (c). (e–h) Cytoskeleton meshwork dynamics as observed by contact-
mode imaging. Coarse-mesh fibers can be tracked while moving (x) and some emerge from lighter ones (asterisk). In contrast, fine-mesh structures may
disappear (arrowhead) or appear (arrow) from one frame to the next, representing a faster reorganization. In (e) a line artifact caused by confocal scanning
is marked (plus sign). Scale bars are 5 mm (b–d) and 1 mm (e–h). See Movie S1 for a time-lapse visualization of the entire experiment. To see this figure in
color, go online.
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confocal views (data not shown).Coarse-mesh dynamics can be tracked by
time-lapse imaging
Repeated contact-mode imaging AFM and actin/Lifeact
fluorescence microscopy of the same area at an interval of
~2.5 min yielded time-lapse series that allowed us to study
the dynamic behavior of cortical cytoskeleton structures
(Fig. 2, e and f; Movie S1). The coarse-mesh fibers can be
continuously tracked in these series. They exhibit uniform
movement and reorganization in terms of splitting and
joining of fibers, and in some cases the gradual formation
of a coarse-mesh fiber with high contrast from a lighter
structure can be observed (Fig. 2, e–h, asterisk). The fine
mesh, however, appears to undergo faster remodeling,
because its components cannot be tracked from one frame
to the next.An in-depth look at error-channel data
AFM deflection or error-signal data (28) have been used
extensively to visualize small surface features on soft bio-Biophysical Journal 109(4) 687–698logical samples such as cells (14,16,29,30), just as they
were used for the contact-mode experiments in this work.
During contact-mode scanning, a feedback loop is used
to constantly reposition the z-piezo (thus generating the
height data) so that the cantilever deflection will stay at a
certain setpoint value; its deviation from this setpoint value
constitutes the error signal. The error image has a shaded
appearance as it shows the slope of the height image in
the fast-scan direction. As pointed out by Putman et al.
(28), the feedback loop can serve as a filter separating
low- and high-frequency information into height and error
images, respectively. It is assumed that the applied imaging
force must stay nearly constant so as not to alter the actual
surface topography. In our contact-mode imaging experi-
ments, however, we could not support this assumption.
Even with optimized feedback settings, the actual imaging
force varies significantly, caused on a wider scale by the
convex shape of the cell surface (which is most striking
in a comparison of trace and retrace error images; see
Fig. S1, c and d), and also on a smaller scale caused by
cytoskeleton structures (Fig. 3, a and b). This can be
slightly alleviated by slowing down the scanning; however,
there is a limit to the minimum scan speed, considering
that dynamic structures in living cells are being imaged.
FIGURE 3 Force errors in contact-mode scanning. (a) High-resolution
contact-mode scan (error image); scale bar, 1 mm. (b) Cross section of
(a) showing the magnitude of the force error; the thick line at 0.4 nN indi-
cates the actual feedback setpoint force. (c) Force-height curve measured on
the same cell as in (a) using the same cantilever. At 0.4 nN, the height dif-
ference is ~400 nm. To see this figure in color, go online.
FIGURE 4 High-resolution force-mapping-mode imaging of the cortical
Feeling for Filaments 691A comparison with a typical force-indentation curve (Fig. 3
c) reveals that force deviations in this range considerably
change the apparent cell surface as it is probed by the
AFM tip. Also, it is striking that most of the filaments
are revealed in the error images only by one bright ridge
as the tip hits the edge of a fiber, as opposed to a bright
ridge accompanied by a dark ridge, which one would
expect to see if the elevation caused by a cytoskeleton fiber
were properly tracked by the AFM tip. We recognize that
error data acquired in this manner do not show the cyto-
skeleton meshwork in its entirety and hence are unsuitable
for quantitatively estimating the network density, as we
aimed to do in this work.cytoskeleton, subsequent image processing, and analysis. (a–c) Different
views of the same data: (a) raw height data, (b) processed image used to
calculate the adapted RMS roughness and to further quantify filament den-
sities, and (c) detected holes for the morphological quantification of mesh
sizes, each displayed in a randomly chosen color. (d–f) Correlation with
Lifeact imaging: (d) processed force-mapping-mode image, (e) Lifeact-
mKate2 detected by confocal fluorescence microscopy simultaneously in
the same region (maximum intensity projection of the most apical focal
planes), and (f) overlay of (d) and (e), adjusted in brightness and contrast.
Scale bars are 1 mm. To see this figure in color, go online.Force-mapping-mode imaging enables
visualization of the fine mesh using height data
To address the above issues associated with standard con-
tact-mode imaging, we performed force-mapping-mode
imaging (termed QI by JPK Instruments) in a manner
that allowed us to image the cortical cytoskeleton networkwith high resolution. In this fast force-curve-based mode, a
complete vertical approach-retract cycle is carried out at
every pixel, with lateral movement of the tip only in be-
tween vertical cycles. With the settings we optimized to
attain a reasonable time resolution, the tip remains in
continuous contact with the cell. For analysis, we used
the height at the setpoint force, which was optimized to
be as low as possible while achieving good image quality
(z0.5 nN). In principle, it is also possible to calculate elas-
ticity data from the force curves (31); however, the data ac-
quired with our experimental setup are unsuitable for this
kind of measurement because they contain only partial
force curves.
In contrast to contact-mode imaging, with force-map-
ping-mode imaging we were able to visualize cortical cyto-
skeleton mesh-like structures in the height data (Fig. 4 a).Biophysical Journal 109(4) 687–698
692 Kronlage et al.We attribute this to smaller deviations of the applied imag-
ing force and to a reduction in lateral forces compared
with contact-mode scanning. To extract the cytoskeleton
network morphology and quantify its density, we em-
ployed an image-processing procedure that emphasizes
small features on large-scale objects (25). First, to elimi-
nate line-to-line offsets caused by cantilever force drift
and sample drift in z, we carried out line-wise subtraction
of a fitted second-order polynomial. We chose a second-
order polynomial so as to approximate the general
shape of the cell surface. Then, most importantly, we
applied a difference-of-Gaussians filter, which subtracts
a smoothed copy of the image from the original and
thereby enhances features smaller than the smoothing
range. In the resulting images, both coarse and fine
meshes are clearly visible, and the underlying cell shape
has been removed (Fig. 4 b).
When the same processing is conducted with height
data acquired in contact mode, it becomes apparent that
a lower resolution compared with the force-mapping-
mode data is achieved, and the level of detail is not as
good as in the corresponding error images (Fig. S1).
This supports the notion that force-mapping-mode imag-
ing ensures better tracking of the apparent cell surface
by reducing the lateral forces and improving the force
precision.
This AFMmodality also allows correlations with live-cell
Lifeact fluorescence views (Fig. 4, d–f). Again, only the
coarse-mesh structures (although they are harder to differen-
tiate in this case) can be correlated with the corresponding
F-actin fluorescence. Precise overlays are more prone to
be affected by possible motion artifacts in the AFM images
(Fig. S3) compared with the faster contact-mode AFM scans
(Fig. 2).
The resolution of force-mapping-mode imaging (as deter-
mined by assessing the smallest visible filament structures)Biophysical Journal 109(4) 687–698is ~120 nm or better along the fast-scan direction (Fig. S4,
d–f).Pharmacological manipulation of actin dynamics
impacts the cortical cytoskeleton network’s
morphology characteristically
To evaluate our imaging procedure and to gain further
insight into the composition of the cortical cytoskeleton
network, we monitored the effects of pharmacological
manipulation of actin polymerization dynamics with cyto-
chalasin D and jasplakinolide using AFM force-mapping-
mode imaging. Cytochalasin D, a fungal toxin, caps the
barbed ends of actin filaments and thus disrupts the organi-
zation of the actin cytoskeleton (32). It has been shown to
selectively soften the cortex of endothelial cells in low con-
centrations (e.g., 100 nM), thereby triggering physiologi-
cally relevant changes in cell signaling (18,33). The cyclic
peptide jasplakinolide promotes actin polymerization by
binding to F-actin competitively with phalloidin while being
cell permeable (34). It increases the density of actin fila-
ments when applied to cells in the short term, whereas after
longer incubations, the regular cytoskeleton architecture is
destroyed as amorphous aggregates of actin develop (35).
Upon treatment with cytochalasin D (n ¼ 8; correspond-
ing control experiments: n ¼ 7), the cortical cytoskeleton
meshwork thins out, the holes between filaments become
larger, and the contrast of the processed images increases
(Fig. 5). Predominantly the fine mesh appears to be affected.
In contrast, jasplakinolide increases the meshwork’s den-
sity, shrinking the holes and reducing the image contrast
(Fig. 6) in our experiments (n ¼ 6; corresponding control
experiments: n ¼ 5). After a short period of ~15 min,
most cells lose their mechanical integrity. In some cases,
we note that under the influence of jasplakinolide, the
cortical cytoskeleton network structures stay fixed in theirFIGURE 5 The cortical cytoskeleton network is
thinned out by actin depolymerization with cyto-
chalasin D, as observed by force-mapping-mode
imaging. Exemplary images from one experiment
are shown. Top row: filtered height data; bottom
row: detected meshwork holes. Scale bars are
1 mm. To see this figure in color, go online.
FIGURE 6 Jasplakinolide increases the density
of the cortical cytoskeleton network. Representa-
tive images from one force-mapping-mode imag-
ing experiment are shown. Top row: filtered
height data; bottom row: detected holes. Scale
bars are 1 mm. To see this figure in color, go online.
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shift of the image can be attributed to thermal drift of the mi-
croscope setup. Based on this observation, we reason that
AFM imaging by itself does not mechanically disturb the
imaged cytoskeleton structures.Quantification of changes in cytoskeleton
network density
We calculated the RMS roughness of the processed height
images (adapted roughness) to estimate the density of the
cytoskeleton network. Although absolute values for RMS
roughness are generally given in nanometers, the adapted
roughness is given in arbitrary units (a.u.) due to changes
in the absolute values during image processing. As shown
in Fig. 7, a and b, the roughness of the scanned cells’ apical
surface increases slightly over time. This increase, however,
appears to not be significant. Upon treatment with cytocha-
lasin D, the adapted roughness increases significantly by
6.8 5 2.2 a.u. (Fig. 7 a). This increase in contrast is due
to the disruption (or reduced polymerization) of fine-mesh
filaments in the cell cortex. Larger filament bundles are
not affected by concentrations of cytochalasin D as low as
we applied, so the AFM cantilever indents deeper, larger
valleys between the coarse-mesh structures, resulting in an
increase in contrast and thus in adapted roughness. Filament
stabilization results in the opposite effect, as the apical sur-
face roughness decreases by 3.35 0.9 a.u. after jasplakino-
lide treatment (Fig. 7 b).
To obtain a more direct and intuitive assessment of the
cortical actin cytoskeleton’s dynamic behavior, we esti-
mated morphological changes in our experiments by charac-
terizing filament-free regions using a more sophisticated
approach. We segmented the processed images into fore-
ground network structures and background filament-free
holes (Fig. 4 c) using the software ilastik, an interactively
trainable random forest classifier that relies on multiplemathematical functions specifically designed to detect fea-
tures such as intensities, gradients, edges, and orientations.
We trained the software by manually providing labels for
the foreground and background in one series of images until
the segmentation approximately matched our visual percep-
tion; all further images could be processed automatically.
Subsequently, for each image we determined the number
of filament-free holes, the mean area of all holes in an im-
age, and the overall surface coverage of holes as a percent-
age of the imaging area. For all measurements except the
overall surface coverage and the total number, holes
touching the border of the image were excluded from the
analysis because their actual full dimensions could not be
determined. In our experiments, apical cortical cytoskeleton
exhibited an average number of 2715 27.7 holes per 6  6
mm surface area. Application of cytochalasin D reduced the
average number of holes by 99 5 31.3 (Fig. 7 a), whereas
the area of each hole increased (from basal 42,045 5
5553.2 nm2) by 37,886 5 10,898.1 nm2 (Fig. 7 c). Hence,
the relative surface coverage of the filament-free area rose
by 30% (Fig. 7 e). Jasplakinolide at a concentration of
1 mM increased the number of holes (þ33 5 16.4) and
reduced the mean hole area (–12,160 5 4786.4 nm2) and
overall coverage of the filament-free area (18%; Fig. 8,
b, d, and f).Intracellular calcium concentration is unaffected
by force-mapping-mode imaging
We cannot exclude the possibility that the cells were me-
chanically stimulated by the continuous and rapid indenta-
tion during scanning. To verify that force-mapping-mode
imaging does not disrupt the membrane integrity or
stimulate mechanosensitive signaling mechanisms, we
measured intracellular calcium levels simultaneously with
AFM imaging. Fluo4 fluorescence intensity was measured
for 3 min without force mapping to obtain control valuesBiophysical Journal 109(4) 687–698
FIGURE 7 (a and b) Adapted RMS roughness measurements (calculated
using force-mapping-mode imaging data) show the effects of 100 nM cyto-
chalasin D (a) and 1 mM jasplakinolide (b). Values are expressed as differ-
ences from the respective control phase average and shown as mean5 SE.
Sample sizes (individual experiments and the number of cells studied):
cytochalasin D, n ¼ 8 (treatment), n ¼ 7 (control); jasplakinolide n ¼ 6
(treatment) and n ¼ 5 (control). Time ¼ 0 signifies replacement with con-
trol or treatment buffer. To see this figure in color, go online.
694 Kronlage et al.corresponding to an unstimulated cell. Subsequently, AFM
scanning (force-mapping-mode imaging) was performed
for 20 min. Finally, ionomycin was added to a concentration
of 2.5 mM to elicit an increase in the intracellular calcium
concentration as a positive control. As shown in Fig. S2,
indentation of the plasma membrane during force-map-
ping-mode imaging did not affect the intracellular calcium
concentration, and therefore appears to leave the plasma
membrane intact and not activate any mechanosensitive
signaling mechanism.DISCUSSION
As has been widely reported, contact-mode AFM imaging of
living cells reveals filamentous structures corresponding to
the cytoskeleton beneath the general membrane surface
topography (14–16,29). The local mechanical properties of
the cell surface have been shown to reflect the organization
of the underlying submembranous cytoskeleton (12,13), soBiophysical Journal 109(4) 687–698AFM scanning with small indentation depths or low applied
forces, respectively, can be used to selectively probe and im-
age cytoskeleton structures in the cortical compartment of a
cell. In contrast, tapping-mode AFM is mostly used to visu-
alize the membrane surface of a cell (36); however, one can
image the submembranous cytoskeleton by choosing high
damping setpoints and analyzing the cantilever deflection
(37). Fixed cells imaged by AFM exhibit a smooth surface
without filamentous features (14), although the state of the
actin cytoskeleton may still be inferred from the cell’s me-
chanical properties (33). Special preparations enable AFM
imaging of the cytoskeleton after fixation. For example,
removing the membrane by detergent treatment makes the
underlying cytoskeleton accessible to AFM imaging (30),
and unroofing the cells allows one to study the apical mem-
brane and the attached cytoskeleton from the cytoplasmic
side (38).
By employing contact-mode imaging, we can image the
reorganization of the coarse cortical cytoskeleton meshwork
in live cells and qualitatively visualize the dynamics of
finer-mesh structures. However, it appears that acquisition
and analysis of the AFM error signal, are not suitable for
gathering quantitative data regarding the fine mesh, such
as its density. Using a slower, adapted measurement and im-
age processing technique, we show that the cortical cyto-
skeleton network can be imaged in height data. The force
error is reduced compared with contact-mode scanning,
and thus very soft filament structures are more reliably rep-
resented in the acquired data. With commonly available
AFM technology, this procedure allows one to image the
cortical cytoskeleton’s mechanical architecture in live cells
with a resolution better than that achieved by conventional
optical microscopy.
One can detect changes in the meshwork build quantita-
tively by calculating the RMS roughness as a statistical
parameter or by morphological measurements. Surface
roughness measurements by AFM are an established means
to evaluate the structure of cell surfaces (39) and have also
been used to quantify cytoskeletal structures (30). Here, we
have shown that the adapted RMS roughness, calculated
using preprocessed height data, can be used as an indicator
of cortical cytoskeleton density in living cells. Cortical
actin polymerization or depolymerization, however, is not
the only possible determinant of surface roughness. The
cell volume; the occurrence of microvilli, membrane ruf-
fles, or filopodia; the composition of the membrane,
including membrane proteins; and the activity of cytoskel-
etal motor proteins may also induce changes in the surface
roughness. Therefore, one must exercise some caution
when taking roughness as a parameter for cytoskeleton
network density. An automated geometric analysis of cyto-
skeleton structures based on AFM data was previously
described for erythrocyte preparations (40). By analyzing
successive images using our morphological segmentation
routine, we were able to objectively quantify changes in
FIGURE 8 (a–f) Morphological analysis of force-mapping-mode imaging data shows a decrease in network density induced by treatment with 100 nM
cytochalasin D (a, c, and e) and an increase in network density induced by treatment with 1 mM jasplakinolide (b, d, and f). (a and b) Total number of detected
holes. (c and d) Mean area of all holes in one image. (e and f) Overall area covered by holes. Values are expressed as the difference from the respective
control phase average and shown as mean5 SE. Cytochalasin D: n ¼ 8 (treatment), n ¼ 7 (control); jasplakinolide: n ¼ 6 (treatment) and n ¼ 5 (control).
Time ¼ 0 signifies replacement with control or treatment buffer. To see this figure in color, go online.
Feeling for Filaments 695the actual organization of the cortical cytoskeleton in live
cells, and directly acquire and observe mesh sizes on an ul-
trastructural scale.
The applicability of our method based on force-mapping-
mode imaging and processing may be limited by its time
resolution. The imaged structures rearrange significantly
faster than the acquisition time for an image. Thus, morpho-
logical features such as the holes we analyzed probably do
not reflect the actual network architecture. This also be-
comes apparent when the AFM data are compared with
the fluorescence data (Fig. S3). Fast remodeling processessuch as treadmilling of actin filaments may not be observed
in this fashion either. However, the line-wise scanning mo-
dality of AFM needs to be taken into account. The positions
of filament structures in a single (horizontal) scan line are
determined in a short time and therefore are accurate. The
vertical distance in an image corresponds to the time offset
during acquisition. For a small number of neighboring, suc-
cessively scanned lines, the time resolution is thus better
than that for the entire image. Nonsquare rectangular scans
could be taken to exploit this fact and improve the general
time resolution of the experiment, although in return theBiophysical Journal 109(4) 687–698
696 Kronlage et al.scan area and hence the robustness of the morphological
analysis would be reduced.
The validity of our imaging procedure with respect to
actin cytoskeleton dynamics on a timescale of several mi-
nutes is empirically shown in the pharmacological experi-
ments. The results obtained by quantitative image analysis
are in line with theoretical expectations and previous obser-
vations concerning the effect of cytochalasin D and jaspla-
kinolide on the actin cytoskeleton.
The force resolution of the AFM instrument is still
limited, however, which means that not necessarily all fila-
ments are accurately mapped. A much denser meshwork has
been resolved in raster electron micrographs of the endothe-
lial cortical cytoskeleton (41), although this method does
not need to represent the mechanical organization as visual-
ized by AFM. Also, the actual spatial resolution of the cyto-
skeleton imaging techniques demonstrated here is difficult
to assess. From a technical point of view, AFM is capable
of subnanometer resolution. However, the scanned surface
is convoluted with the probe shape, which in this case in-
cludes not only the tip (with a nominal radius of curvature
of z10 nm for the probes used here) but also the plasma
membrane that lies between the tip and the cytoskeleton.
Furthermore, the apical part of the cell probably does not
represent a rigid sample, but slightly shifts upon exertion
of lateral forces by the AFM. Therefore, a proper test sample
to assess the resolution of this imaging application does
not exist. To provide a rough estimate of the attained spatial
resolution, we measured the smallest spacings between
apparent filament structures that resulted in structures of
~100–150 nm distance (Fig. S4). Although this lies in the
same order of magnitude as the theoretical Abbe limit for
optical microscopy, we must acknowledge that our measure-
ment provides only an upper boundary of the resolution, and
that in practice, the resolution of live-cell fluorescence mi-
croscopy is likely to be worse because it is limited by the
achievable signal strength.
Concerning the identification of structures imaged by
AFM, in principle, various procedures can be used to infer
their molecular makeup. In the case of actin microfilaments,
direct observations by AFM of distinctive morphological
features such as the filament width and height (30) and a
periodic helical ultrastructure (42) have been used for iden-
tification, but this requires removal of the membrane and
fixation of the cell. The same applies for dedicated tech-
niques such as on-stage labeling and imaging (42), and
topography and recognition imaging (43). The mesh geom-
etry of the cortical cytoskeleton in live cells was previously
analyzed and found to be consistent with the notion that
the cortical cytoskeleton is composed of F-actin (14). The
combination of AFM and fluorescence microscopy has
demonstrated that actin accounts for the majority of features
present in AFM images of the cortical cytoskeleton (14,16).
As samples can only be fixed and stained after AFM imag-
ing is completed, resulting in a time lag and possible arti-Biophysical Journal 109(4) 687–698facts, we performed live-cell fluorescence microscopy of
Lifeact simultaneously with AFM scans. The results show
that the coarse part of the cortical cytoskeleton network is
made up of actin.
These coarse-mesh structures may be akin to what has
been described in motile fibroblasts as transverse arcs, stress
fibers located on the dorsal side of the cell (44). The reorga-
nization processes that we imaged (Fig. 2) are in line with
the intact and altered boundary mode remodeling described
previously based on investigations on a broader timescale
(45). The observation that coarse-mesh fibers gradually
emerge from smaller structures can be interpreted as the for-
mation of stress fibers by myosin-based bundling of actin fil-
aments, an effect based on Rho signaling (44,46).
The marked effects of cytochalasin D and jasplakinolide,
both of which specifically target actin polymerization dy-
namics, let us arrive at the conclusion that, indeed, the
fine meshwork structures affected are constituted of actin.
However, it is also conceivable that a different protein,
such as spectrin (5), actually constitutes the fine mesh, in
which case the fact that it is supported by actin would
explain our experimental results.
Based on our calcium measurements (Fig. S2) and our
observation that cells subjected to AFM scanning remain
viable for hours, we conclude that force-mapping-mode im-
aging does not appear to harm or mechanically stimulate
endothelial cells. In contrast to other microscopy tech-
niques, AFM imaging of cultured cells does not require
any special sample preparation, such as fixation or staining,
or expression of a genetic vector, and the risk of phototox-
icity in live cells is avoided. The microscopy techniques
described here thus present a very suitable alternative for
live-cell imaging of the apical actin cytoskeleton.
Cytoskeletal imaging by AFM could benefit from techno-
logical advances in high-speed AFM that would result in
increased feedback bandwidth (47) and especially better
force precision with small (48) or uncoated/partially coated
cantilevers (22,49). However, the maximum speed for
cytoskeletal imaging may be limited by the viscoelastic
properties of a cell (i.e., the cell hardens when indented
too fast (36)). We hope that AFM-based imaging of the
cortical cytoskeleton will prove useful in the field of mecha-
nobiology for answering questions about how structure, me-
chanics, and function are linked.SUPPORTING MATERIAL
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